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1 Introduction

1.1 Attractiveness of enzymatic oxyfunctionalization of fatty acids and

their derivatives

Whereas most products of the chemical industry are based on petrochemical
feedstocks, considerable efforts have been made during the past few decades to use
renewable resources as industrial raw materials. Besides polysaccharides and
sugars, plant oils and animal fats play an important role in such programmes
because of their ready availability (present production is >100 million t/a, which could
be increased on demand) of which the lion’s share is used for nutrition (~85 million
t/a), whereas ~ 15 — 20 million t/a are used for the synthesis of polymers, surfactants,
emollients, lubricants, bio-diesel, emulsifiers, etc.) [1].

From a chemical point of view, most natural triglycerides offer just two reactive sites,
the ester group and the double bonds of unsaturated fatty acids. In fact, the
chemistry of fats and oils is largely focused on the ester group which can be
hydrolyzed or catalytically reduced, leading to glycerol and fatty acids or fatty
alcohols, respectively. Reactions involving the alkyl chain or double bonds of
triglycerides, fatty acids, fatty alcohols or their derivatives represent far less than 10%
of today’s oleochemistry, with the production of sulfonated fatty alcohols and their

derivatives being a major process of this kind. Oxidation reactions at the alkyl or



alkenyl chains would be highly desirable as they would lead to oleochemicals with
new properties, but the methods available today lack selectivity and require harsh
conditions. Notable exceptions are the epoxidation of unsaturated plant oils and the
synthesis and use of a few hydroxy fatty acids.

State of the art: plant oil epoxidation. The Prileshajev epoxidation (Figure 1 and 2) of

unsaturated plant oils (predominantly soybean oil) is used worldwide for the
production of more than 200 000 t/a of epoxidized soybean oil.
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Figure 1: Prileshajev epoxidation: Generation of short-chain peroxy acids
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Figure 2: Prileshajev epoxidation: Use of short-chain peroxy acids for
epoxidation of unsaturated plant oils

In this reaction, peroxy acids such as peracetic acid are generated from the
corresponding acid and hydrogen peroxide in the presence of a strong mineral acid

(Figure 1). Due to the potential danger of handling peroxy acids, the intermediate



peroxy acids are not isolated during large-scale epoxidation of unsaturated
triglycerides (Figure 2). There are considerable side reactions via oxirane ring
opening, leading to diols, hydroxyesters, estolides and other dimers, which are
believed to be catalyzed by the presence of a strong mineral acid. As a result, the
selectivity of this process never exceeds 80% [2]. Furthermore, the presence of a
strong acid in an oxidative environment causes corrosion of the equipment. Currently
fatty acid epoxides are predominantly used as PVC-plasticizers and -stabilizers,
because of their ability to scavenge free HCI thus slowing down degradation. In
addition, epoxidized derivatives of fatty acids are used as reactive dilutants for paints
and as intermediates for polyurethane-polyol production. Fatty epoxides also
represent valuable raw materials for the production of glues and other surface

coatings.

State of the art: hydroxy fatty acids and diacids. At present, the only commercial

source of a hydroxy fatty acid is the castor bean (Ricinus communis), a naturally
occuring oil crop extensively cultivated in countries like India, Brazil and China.
Castor oil contains up to 90% ricinoleic acid (12R-hydroxy-9Z-octadecenoic acid),
which can easily be obtained by hydrolysis of the corresponding triglycerides and is
used in a variety of applications such as the manufacture of speciality lubricants,
paints and cosmetics [3]. Some other polyhydroxylated fatty acids might be valuable
pharmaceuticals or antimicrobial agents. For example 7S,10S-dihydroxy-8E-
octadecenoic acid isolated from Pseudomonas aeruginosa stops growth of the
pathogenic yeast Candida albicans, whereas 7S,10S,12R-trihydroxy-8E-
octadecenoic acid also isolated from Pseudomonas aeruginosa exhibits antimicrobial
activity and curtails the rice blast fungus (Magnaporthe grisea) [4].

Diacids are important chemical building blocks which are used for the preparation of
polyesters, polyamides, adhesives, etc. [5]. On a commercial scale, adipic acid is
produced from petrochemical feedstock (through Bayer-Villiger rearrangement of
cyclohexanone), and from sebacic acid, which is obtained by ozonolysis of the A9-
double bond of erucic acid (13Z-docosenoic acid). o-Hydroxy fatty acids are
produced on a small scale as raw materials or intermediates in the synthesis of a,®-

dicarboxylic acids.



Oxyfunctionalization of oleochemicals: biotechnological routes — a short

introduction. Selective biological hydroxylation and epoxidation reactions of fatty
acids and fatty alcohols have been shown to be feasible in principle and, as a result,
are now a field of active research both in academic and industrial laboratories.

At present, three major routes are being explored:

Transgenic oil crops

=

Fermentation using genetically hvd
engineered microorganisms > Epoxy / hydroxy
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derivatives

Bioreactors using isolated enzymes >

Figure 3: Biological/biotechnological routes for production of epoxy- and

hydroxy fatty acids

1. Transgenic oil crops. Many plants produce oxygenated lipids as a component of

their seed oils. An obvious way to prepare selectively oxygenated fatty acids is thus
the isolation of plant oil which contains the desired compounds, the optimization of
yields, or the genetic engineering of standard oil plants to accumulate
oxyfunctionalized seed oils. Whereas the identification of oxygenated fatty acids in
plant oils dates back by several decades, genetic engineering of oil crops producing
oxygenated fatty acids is a very young discipline; most reports originate from the year
2000 or later, investigating the use of the model plant Arabidopsis thaliana (whose
genome has been completely sequenced [6]) as a host system for seed-specific
expression of hydroxylases or epoxidases [3,7,8]. More recently, the soybean
(Brassica napis) was successfully engineered for the production of fatty acid
epoxides [9]. Common to these reported processes is the relatively low content ( < 60
%) of the desired oxyfunctionalized oils. Moreover, the fatty acid spectrum found in
the seed oil was observed to contain oxygenated fatty acids different from those
which were expected. Intensive research is still needed to obtain “chemical factories
on a field”, for valuable specialty products as much as for oxyfunctionalized

commodities required at a large scale.



2. Fermentation processes. The use of whole microbial cells for biotransformation

requires the transport of reactants and products across the cell walls. Yields may be
reduced by side reactions within the cell and by the expensive recovery process from
dilute fermentation broths. Obvious advantages are that natural cofactors required for
oxidation are available inside the cells, and that the oxidative enzymes are
continuously expressed, even if they are bound to the cell's membranes. Thus,
oxidation processes may ensue as long as the cell is alive.

Candida yeasts have been widely used for alkane or fatty acid oxygenation e. g. for
the production of a,m-dicarboxylic acids. First reports on the use of Candida strains in
biotransformations focused on alkane functionalization, but it was shown that the
same strains efficiently produced o,o-dicarboxylic acids from saturated or
unsaturated fatty acids. Mutant strains engineered for higher productivity were
reported to produce up to ~300 g of dioic acids per liter of fermentation broth [10,11].
Apart from yeasts, several bacteria such as Pseudomonades, Bacilli or Rhodococci
are able to hydroxylate fatty acids in a terminal or subterminal manner [4,12,13].
While these processes have been studied to some extent, they do not yet allow to
prepare oxyfunctionalized fatty acids at a sufficiently low price for commercial
exploitation. For the synthesis of hydroxy fatty acids, E. coli was transformed with a
suitable hydroxylase (P450 BM-3) and a fatty acid uptake system [14,15].

3. Bioreactors using isolated enzymes. Biocatalytic epoxidation- and hydroxylation

of fatty acids using isolated enzymes in a bioreactor up to now is limited to either
lipoxygenases (LOX, see chapter 1.6) or lipase-catalyzed perhydrolysis (see chapter
2.3) with subsequent self-epoxidation.

As cytochrome P450 monooxygenases and diiron cluster-containing
monooxygenases are able to hydroxylate non-activated carbon-hydrogen bonds,
they offer a particularily interesting possibility for selective fatty acid or fatty alcohol
oxidation. However, up to now this is an issue of academic research only, as both
enzyme classes require stochiometric amounts of the costly nicotinamide cofactors
NAD(P)H for reductive activation of dioxygen. Various strategies for replacement of
the natural cofactors by cheaper sources of reduction equivalents have been
proposed (see chapter 2.2).

As a conclusion it must be stated that biocatalytic hydroxylation and epoxidation of
fatty acids is still in its infancy. Large-scale applications seem to be possible in the

near future only in very few cases (such as dicarboxylic acids by fermentation or fatty



acid epoxides by lipase-catalyzed perhydrolysis), whereas most methods are to date
predominantly an issue of academic interest. In the following sections a more
detailed analysis is provided. Due to space limitation, special emphasis is given on
P450 monooxygenases, due to the authors’ interest. For this review, the patent
literature has been covered only as to those references available from Chemical

Abstract Services online.

1.2 Natural functions of oxygenated fatty acids

This section briefly discusses the occurrence and the possible functions of
oxygenated fatty acids, recently termed oxylipins [16], in diverse forms of life.
Readers who would like to learn more about the physiological role and metabolism of
oxygenated fatty acids are referred to the literature cited. The natural sources and
functions of oxygenated fatty acids are interesting as they show, (i) which organisms
may be particularily useful for the prospecting of oxygenating enzymes and (ii) which
natural function oxygenated fatty acids have, suggesting possible applications in a
technical context.

While at least one hydroxy fatty acid (ricinoleic acid) is available from castor oil, there
is no natural source of fatty epoxides worth exploitation. Nevertheless some plants,
notably Vernonia galamensis and Euphorbia lagascae, produce up to 60% vernolic
acid (12S, 13R-epoxy-9-cis-octadecenoic acid) in their seed oils. As these plants are
poor oil producers, applications of this functionalized fatty acid have not been studied
to a significant extent, and the manufacture of this oil is not yet commercialized.

On the other hand, the occurrence of a wide variety of oxygenated fatty acids has
been reported in mammals, plants, fungi and bacteria.

In mammals, arachidonate (C20:4) w-hydroxylation is the first step in the arachidonic
acid cascade. Oxygenated metabolites of arachidonic acid play a major role in blood
pressure regulation and in the inflammatory process. They are signalling molecules in
stress response to infection, allergy, exposure to food, drug and environmental
harmful substances [17]. Prominent signalling molecules such as leucotrienes or
prostaglandines are derived from oxidized arachidonic acid [18]. a-Hydroxy fatty
acids are also found in the sphingolipids of a wide variety of organisms, where they

decrease membrane fluidity, in particular as a reaction to increasing temperature



[19]. In nervous tissues of vertebrates, a-hydroxy fatty acids play an indispensable

role as part of hydroxycerebrosides [20].

In plants, arachidonic acid is quite rare, but phytooxylipins derived from linole(n)ic
acid via the so-called lipoxygenase or oxylipin pathway are usually found. Thus, a
whole series of compounds are derived from highly reactive 9- or 13-
hydroperoxyoctadecadi(tri)enoic acid [16]. Among these are natural pesticides,
termed phytoalexins, which exhibit antibacterial and antifungal effects, as well as
volatile aldehydes influencing the flavour or fragrance of many vegetables (reported
for olive oil, tomatoes, cucumbers, etc. [21]). Most of these products seem linked to a
plant's response towards attack: Apart from the phytoalexins, also the cutin
monomers (the structural unit of the cuticle protecting the surface of all aerial parts of
plants), and the wound hormone traumatin originate from the lipoxygenase pathway
[16,22].

Gram-negative bacteria contain B-hydroxy fatty acids as acyl moieties of cell wall
lipids such as lipid A and ornithine lipid [23], whereas Gram-positive bacteria such as
Bacillus strains may produce acylpeptides containing p-hydroxy fatty acid as
antibiotic compounds (e. g. surfactin) [24,26]. Hydroxy fatty acids occur as
corynomycolic acids in cell walls of pathogenic Mycobacteria (responsible for
tuberculosis and leprosy) [25], and in sugar esters produced as biosurfactants by a
number of alkane-degrading bacteria [26,27].

1.3 Some enzymes involved in oxyfunctionalization

The CH-bond of a fatty acid methylene group is one of the most stable chemical
bonds whose breakage requires approximately 98 kcal mol™. This energy is beyond
the range of simple enzyme reactions and either requires a series of enzymatic
reactions (as in the well known fatty acid-degrading p—oxidation pathway [18]) or a
metal cofactor which harnesses the oxidative power of dioxygen to break this bond
[28]. In view of fatty acid oxygenation, there are three main reaction types involved,
namely (i) oxidation by P450 monooxygenases, (i) oxidation by diiron center
oxygenases and (iii) oxidation by lipoxygenases.

(i) P450 monooxygenases (EC 1.14.x.y) are an enzyme superfamily reported in all

kingdoms of life. Cytochromes P450 contain a heme-thiolate prosthetic group and



incorporate one atom of oxygen from dioxygen into their substrate while reducing the
other oxygen atom to water. The reducing equivalents are delivered by the cofactor
NAD(P)H. P450 enzymes are related to catabolic as well as anabolic metabolism,
catalyzing oxidative transformations of exogenous and endogenous compounds.
With respect to fatty acids, P450s can act both as hydroxylases or as epoxidases of
unsaturated fatty acids [29].

(i) Diiron-center oxygenases (mainly in plants and bacteria) use a diiron-center for

reductive oxygen activation, abstract a hydrogen atom from a CH-bond and insert
oxygen following a radical rebound mechanism, yielding epoxy- as well as hydroxy
compounds [28]. They share high sequence homology with desaturases.

(i) Lipoxygenases (linoleate : oxygen oxidoreductases; EC 1.13.11.12; LOXs) are

limited to eukaryotes for fatty acid oxyfunctionalization [30]. They contain one non-
heme iron per mole of protein and catalyze the regio- and stereoselective
dioxygenation of polyenoic fatty acids forming S-configurated hydroperoxy
derivatives. These highly reactive and cytotoxic hydroperoxides are immediately used
for the biosynthesis of a vast range of compounds including epoxides, mono-, di- and
trinydroxyderivatives, allene oxides, epoxyalcohols, aldehydes, oxoacids etc.

In the following, all three groups of enzymes will be further discussed. However, as
many reviews can be found on LOX [31,32], the focus will be on the P450

monooxygenases and the diiron cluster enzymes.

1.4 P450 monooxygenases

1.4.1 Introduction

Cytochrome P450 enzymes belong to the class of monooxygenases (EC 1.14.x.y).
They are widely distributed in nature [33] and play a key role in primary and
secondary metabolism as well as in the detoxification of xenobiotic compounds.
Common to all enzymes of the P450 superfamily is a heme group in the catalytic
center which contains — in contrast to other hemoproteins — a fifth cysteine ligand
coordinated to the iron atom. This feature is responsible for the characteristic spectral
properties which gave P450 systems their name [34]: an absorption maximum at 450

nm in the presence of carbon monoxide



From a functional point of view, all P450 enzymes catalyze the transfer of molecular
oxygen to nonactivated aliphatic, to allylic or aromatic XH-bonds (X: -C, -N, -S).
Moreover, a remarkable number of P450 enzymes are capable of epoxidizing C=C-
double bonds [33]. In certain cases the oxygenated compounds are not stable (e. g.
acetals) and undergo subsequent reactions such as N-demethylation.

P450 enzymes play a pivotal role in several metabolic pathways such as the
metabolism of arachidonic acid to prostaglandines, leucotrienes and thromboxanes
[35], the formation of cortisone by 11R-hydroxylation of progesterone [36,37], the
biosynthesis of insect and plant hormones [38,39], the formation of colors and odours
of plants [40] and ergosterol biosynthesis in yeast [41] In the mammalian liver, P450s
act as phase | enzymes [42], activating water-insoluble or barely water-soluble
compounds for conjugation and elimination. Subsequent reactions are performed by
phase Il enzymes such as glutathione transferases, N-acetyltransferases or
sulfotransferases, which add further polar groups, rendering these metabolites water-
soluble [42].

P450s recently came into the focus of biotechnologists, as they are able to carry out
regio- and stereospecific oxidations at non-activated C-H- and C=C-double bonds —
reactions which are possible only with molecules bearing certain functional groups (e.
g. allylic alcohols) in synthetic organic chemistry. They might also be used in
bioremediation. Thus, genetically engineered microorganisms containing suitable
P450 monooxygenases have been proposed to, e. g., detoxify soil contaminated by

polycyclic aromatic hydrocarbons [43,44].
1.4.2 Nomenclature and classification of cytochromes P450
The P450 superfamily is one of the largest and oldest gene families [45]. By the end

of 2002, more than 2500 putative P450 sequences had been reported
(http://drnelson.utmem.edu/CytochromeP450.html). The number of P450 genes

grows rapidly: In 2000, about 1000 sequences had been published [46], but recently
the rice genome project alone has led to the identification of 481 new putative P450
genes. Despite a low sequence homology, all P450s adopt a characteristic three-
dimensional structure, as revealed by the 12 crystal structures known to date [47-58].
The nomenclature of P450 genes is based on primary sequence homologies. All

P450 genes with a protein sequence homology > 40 % belong to the same gene



family, those with a sequence homology > 55 % constitute a subfamily. To describe
a P450 gene, it is recommended to use the italicized abbreviation ‘CYP’ for all P450
genes except for mouse and Drosophila, which are represented by italicized ‘Cyp’
letters. The CYP abbreviation is followed by an arabic number denoting the family, a
letter designating the subfamily and a second arabic number representing the
individual gene within the subfamily. For example, CYP102A2 represents the second
gene identified within the P450 subfamily A of the P450 family 102.

Cytochromes P450 show a complex protein architecture, usually involving several
cofactors and auxiliary proteins. Depending on the architecture of the overall protein
complex, in particular the electron transfer (reductase) system which transfers
reduction equivalents from the cofactors NAD(P)H they have been divided into four
classes [59,60]:

- Class I: electrons are supplied from a flavoprotein reductase via an iron-sulfur
protein to the P450. This type occurs mainly in mitochondrial systems and in
most bacteria.

- Class IlI: electrons are supplied by a single FAD/FMN-reductase. This type of
P450s is often located in the endoplasmatic reticulum

- Class llI: they do not require reduction equivalents, as they use peroxygenated
substrates which have already incorporated “activated” oxygen

- Class IV receives its electrons directly from NADH. This class is represented
by a single member, nitric oxide synthase.

1.4.3 P450 reaction cycle and its implications for synthetic applications

The postulated reaction cycle of P450 monooxygenases [33, 61] is shown in Figure
4. Current knowledge about this cycle is mainly based on investigations using
P450cam from Pseudomonas putida, which catalyzes the regio- and stereospecific

hydroxylation of camphor to 5-exo-hydroxycamphor.
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Figure 4: Postulated reaction cycle of P450 monooxygenases

In the inactive and substrate-free forms of P450s, the low-spin Fe'-center (d°, S =
0.5) is six-fold coordinated via a protoporphyrin IX system, a fifth cysteinate ligand
and a water molecule (1 in Figure 4). On binding of a substrate molecule near to the
heme the water ligand is displaced (2). The substrate binding induces a spin-state

""is converted to a high-spin Fe"

shift: The initial low-spin Fe -complex, with the iron
center far away from the porphyrin system plane, called out of plane structure. The
redox potential is thereby increased from ~ - 300 mV to ~ - 170 mV, facilitating the

one-electron reduction of the iron center. An artificial ‘shortcut’ called shunt-pathway,



mediated by strong oxidants such as peroxides, periodate or peracids, is leading to
direct oxygenation of compound 2 to form the hydroperoxy-iron species 6. Under
physiological conditions, one-electron reduction results in the formation of the high-
spin Fe" center (S =2) 3. This configuration with four unpaired electrons is well suited
to bind triplet oxygen. The low-spin dioxy-iron(lll) complex 4 was isolated and
characterized by cryocrystallography revealing the iron atom in-plane to the porphyrin
system. The next step, generating the peroxo-iron complex 5, requires another one-
electron reduction. The protons required for cleavage of the iron-bound dioxygen are
delivered by a protein-water hydrogen-bonding network. The oxy-ferryl species 7,
produced with simultaneous formation of water, has a short iron-to-oxygen distance,
suggesting an Fe=0 bond. As knowledge about this complex originates mainly from
crystal structures, the oxidation state of the iron and the electronic state of the heme
could not be determined. The last step of the reaction cycle is the oxygenation,

usually hydroxylation of the substrate.
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Figure 5: Rebound mechanism

The postulated rebound mechanism (Figure 5) is currently under debate due to
mechanistic studies with ultrafast radical clocks to probe the presence of free
radicals, suggesting a concerted oxene-insertion mechanism as indicated in Figure 3.
This is especially true for epoxidation reactions, which are now suspected to be
mediated by three different iron-oxygen species. The versatility in oxidative reactions
may, in part, be attributed to the ability of P450 systems to use the peroxo-,
hydroperoxo-, or oxenoid-iron species as the active oxidant depending on the
substrate and the type of reaction effected [61, 62].

In a living organism, the two electrons required at distinct steps in this cycle are

ultimately derived from the nicotinamide cofactors NAD(P)H. One major challenge for



all attempts to construct a bioreactor with isolated P450s is to engineer an artificial

electron supply system, as NAD(P)H is far too expensive for industrial applications.

1.4.4 P450 monooxygenases in fatty acid / -alcohol modification

Among the ~ 2500 known P450s there are many fatty acid hydroxylases and —
epoxidases. Most enzymes showing hydroxylation activity with saturated fatty acids
can also mediate epoxidation when unsaturated fatty acids are used as substrates.
High regioselectivity generally implies high steric demands of the enzyme with
respect to substrate fixation, orientation and control of the hydroxylation cycle. In the
case of P450 monooxygenases, rational analysis is hampered by the lack of
crystallographic data of enzyme-substrate complexes. From the few data available, e.
g. a complex between CYP102Al1 and palmitoleic acid [51] (which does not
necessarily describe the productive state of enzyme — substrate interaction) - it can
be implied that the acid group binds to positively charged or hydrogen-bonding
residues near the entrance of the hydrophobic substrate acess channel, while the
alkyl chain penetrates the channel and reaches the catalytic center in a geometric
arrangement allowing (selective) hydroxylation [63]. Thus it is not surprising that
many fatty acid-metabolizing P450 enzymes additonally accept fatty alcohols as
substrates, though often with lower affinity due to weaker interactions of their
functional group with the carboxylate binding site.

Fatty acid-hydroxylating P450 enzymes can be subdivided into terminal and
subterminal fatty acid hydroxylases. With some enzymes the regiochemical outcome
of the reaction depends on the chain-length of the fatty acid used. This may be due
to a carboxylate binding site in a fixed distance from the catalytic iron, allowing
terminal hydroxylation of the fatty acid spanning exactly this distance. The more a
fatty acid exceeds this critical chain-length, the further in-chain the reaction will occur.
Shorter fatty acids will not be hydroxylated at all, as their carbon chain will not reach
the catalytic center. The hydroxylation mechanism (rebound) most likely involves a
carbon-centered radical, which is lower in energy when located at a secondary —CH,-
group. Thus it is surprising, that ®-hydroxylases generally show higher
regiospecificity than their subterminally hydroxylating counterparts. On the other hand

the possibility to perform the less favoured reaction specifically implies that for each



position in the fatty acid carbon chain a specific P450 hydroxylase might be
accessible either from natural sources or from genetic engineering techniques.

A large number of P450 enzymes, predominantly members of the gene families
CYP2, CYP4, CYP52, CYP505 and CYP102, use fatty acids and their derivatives as
substrates. Only well-characterized, readily available and biotechnologically

interesting hydroxylases and epoxidases are presented in the following survey.

1.4.5 The CYP102 family as a model for natural monooxygenase /

reductase fusions

CYP102A1, called P450 BM-3, is one of the most intensely studied P450
monooxygenases. This 118 kDa enzyme, originally cloned from Bacillus megaterium
represents a natural fusion protein, incorporating an FAD- and FMN-containing
reductase (class Il P450) and the P450-domain on a single peptide chain [64,65].
The P450 BM-3 heme domain was one of the first P450s whose structure was
determined using x-ray crystallography [66]. By now, structures of various P450 BM-3
mutants as well as of the FMN-domain have been published [67]. CYP102A2 and
CYP102A3 from Bacillus subtilis [68] show about 60 % amino acid sequence identity
when compared to P450 BM-3. These fatty acid monooxygenases are currently being
investigated with respect to their biotechnological potential [69,70]. CYP116, a novel
class of self-sufficient P450 from Rhodococci, displays properties closely paralleling
those of the CYP102 family [71]. An eukaryotic counterpart of the CYP102 fusion
proteins has lately been cloned, overexpressed and characterized: P450foxy
(CYP505) from the fungus Fusarium oxysporum strongly resembles P450 BM-3 in
terms of sequence homology and catalytic activities [72,73].

As the CYP102 monooxygenases are fusion proteins, the experimental setup for their
application in organic syntheses is a lot easier compared to other P450s, which
require one or two additional electron transport proteins for activity. Advantages of
bacterial P450s are their solubility and higher stability [74]. In addition, all self-
sufficient P450 monooxygenases (fusion proteins not requiring further proteinaceous
electron transport components) characterized to date exhibit rather high turnover

numbers (> 1000 s*) with their preferred substrates.



P450 BM-3 has been subjected to numerous mutational studies [75-78], leading to
enzyme variants hydroxylating shorter-chain fatty acids than the wildtype enzyme.
Oliver et al showed that the amino acid at position 87 controls the regioselectivity of
the fatty acid hydroxylation [79]. A single mutation (F87A) shifted the regioselectivity
from subterminal to nearly exclusively terminal myristic and lauric acid hydroxylation.
An amino acid exchange F87V converted P450 BM-3 into a stereo- and
regioselective arachidonic acid (14S,15R)-epoxygenase [80].

Generally, it was found that the regioselectivity of P450 BM-3 depends strongly on
the chainlength of the fatty acid substrate.

Truan and co-workers determined the absolute configuration of the three
hydroxylation products obtained from palmitic acid. They found a high enantiomeric
excess for both 15R- and 14R- hydroxypalmitic acid (98 % ee) and a somewhat lower
selectivity for ©-3 hydroxylation yielding 13R-hydroxypalmitic acid (72 % ee) [81].
Arachidonic acid is oxidized by P450 BM-3 to nearly enantiomerically pure (R)-18-
hydroxyeicosatetraenoic acid (80 % of total products) and 14S,15R-
epoxyeicosatrienoic acid [82]. The arachidonic acid analogues eicosapentaenoic and
eicosatrienoic acid were quantitatively converted to 17S,18R-epoxytetraenoic acid or
a mixture of 17-, 18- and 19-hydroxyeicosatrienoic acid.

Recently P450 BM-3 has been the subject of several studies using laboratory
evolution techniques aimed at improving stability against and activity with hydrogen
peroxide, stability against organic solvents, pH-stability as well as thermostability
[78,83-85]. Screening for improved mutants was frequently based on the pNCA
activity assay [86], which allows high-throughput colorimetric determination of
subterminal fatty acid hydroxylation. In all cases considerable improvements of the

desired properties could be achieved.

1.4.6 The CYP52 family

Members of the CYP52 family have been isolated from Candida species such as C.
maltosa [87,88], C. apicola [89] and C. tropicalis [90]. They catalyze the conversion of
n-alkanes to a,w-dicarboxylic acids, where terminal hydroxylation of n-alkanes is
rate-limiting, and w-hydroxylation of fatty acids ensues [91]. Candida species have

long been known to produce a,w-diacids. The potential of these conversions is



stressed by the fact that most research in the field was done by industrial research
laboratories, e. g. at Cognis (formerly Henkel) or Nippon Mining [92,5,10,93,94].
CYP52 is the only P450 family which always shows terminal hydroxylation, even if
alkanes, alcohols or fatty acids of various chain lengths are used as substrates. The
reactions leading to dicarboxylic acids are performed by a large class of P450
enzymes catalyzing all oxidation steps from terminal methyl groups to carboxylates.
The further oxidation of terminal alcohols is catalyzed partially by P450s, but
predominantly by fatty alcohol oxidases and dehydrogenases [95]. In the yeasts
Candida maltosa and Candida tropicalis, eight [88] respectively ten [5] structurally
related CYP52A genes and the corresponding reductase systems have been
identified. The characterization of the Candida maltosa multigene CYP52 family led
to a phylogenetic tree which describes the evolutionary distance among the members
[96]. This is also reflected by the differences in their substrate specificity. For
instance, CYP52A3 isoenzymes (P450 Alk1A, P450 Cm1l) prefer alkanes, CYP52A4
(P450 AIk3A, P450 Cm2) and CYP52A5 (P450 Alk2A) hydroxylate alkanes and fatty
acids to a similar extent, whereas CYP52A9 (P450 AIk5A), CYP52A10 and
CYP52A11 prefer fatty acids as substrates. Scheller and coworkers found that a
single P450 enzyme, CYP52A3 from C. maltosa, catalyzes the complete oxygenation
cascade starting from n-alkanes to a,m-dicarboxylic acids [91].

Compared to the fusion proteins regarded in the last chapter, the catalytic efficiency
of the CYP52 family is at least a factor ten lower, reaching 80 s with the best
substrate [46]. Thus their application is more promising in genetically engineered
yeasts, than in bioreactor applications, as a low activity in vivo can be compensated

by a high level of gene expression and high cell densities.

1.4.7 The CYP4 family

In order to present this large P450 family adequately, general characteristics of the
CYP4 family and of a mainly investigated member with respect to biotechnological
applications, CYP4Al, are discussed in the following paragraphs.

CYP4 is one of the evolutionary oldest P450 families and contains 22 subfamilies
[97]. CYP4 enzymes are primarily involved in hydroxylation of fatty acids,
prostaglandines, leukotrienes and other eicosanoids in mammalian species [98]. The

major fatty acid hydroxylating members are all part of the CYP4A subfamily. These



enzymes all show strong preference for hydroxylation of the thermodynamically
disfavoured o-position of arachidonic acid, suggesting a role in the mammalian
arachidonic acid cascade. Another common feature of many CYP4 enzymes is their
inducibility by hypolipidemic agents.

For P450s of the CYP4A subfamily, the preferred substrates are Ci, to Cyo fatty
acids. Shorter (C7-Cyp) ones are not hydroxylated, or only at low turnover. These C;-
Cyo fatty acids are converted by CYP4B1 isozymes with turnover numbers between
0.8 and 11 equiv min™ [99]. Reaction products of CYP4B1 are »-1 hydroxylated fatty
acids or 2-hydroxy-alkanes.

The CYP4Al enzyme, which was first isolated from rat liver [100], is one of the most
investigated and active fatty acid hydroxylases of the CYP4A family. Inspired by the
natural fusion protein P450 BM-3, Fisher and co-workers fused the rat liver NADPH
reductase to the rat liver P450 4A1 [101]. Subsequent expression of the fused
enzymes in E. coli resulted in fatty acid hydroxylation activity ranging from 10 to 30
equiv min™. The activity of this fusion protein was enhanced 10-fold [102].

By the use of a reconstituted system with the human P450 reductase, Hoch and co-
workers [103] reported high turnover numbers for rat P450 4A1 with values up to 649
equiv min™ for the preferred substrate lauric acid, thus showing about ten-fold higher
wo-hydroxylation activity than the enzymes from the CYP52 family. Hoch and
coworkers identified the amino acid residues which enable CYP4A enzymes to bind
fatty acids tightly enough to hydroxylate them nearly exclusively at the less reactive
®-position [104].

Remarkably, CYP4Al hydroxylates not only lauric acid but also lauroyl alcohol,

whereas dodecane is not a substrate [105].

1.5 Diiron-cluster containing proteins

1.5.1 Introduction

The topic of catalysis by proteins containing binuclear non-heme iron clusters is
currently under intense study, as these enzymes catalyze a diverse set of reactions
including hydroxylation, desaturation and epoxidation [106]. Diiron enzymes can be
divided into two classes, namely soluble enzymes and a class of integral membrane

enzymes, which show only very low sequence similarity to each other [28]. Because



of the difficulties in obtaining large quantities of purified membrane proteins, progress
in understanding the membrane bound class has lagged behind that of the soluble
class. In the soluble enzymes, the two iron atoms are coordinated via four acidic and
two histidine residues, whereas the membrane-bound enzymes use six histidines, as
revealed by site-directed mutagenesis studies. The crystal structures of some soluble
diiron enzymes have been resolved, providing precise active site geometries [107-
109]. This has led to models of the catalytic cycle of this enzyme class [110]. The
reaction mediated by the integral membrane diiron enzymes are believed to proceed
via a very similar mechanism.

Most, if not all, proteins containing a binuclear diiron cluster react with dioxygen as
part of their functional processes [111]. Thus they are often referred to as “diiron-oxo”
proteins.

The most intensively studied soluble hydroxylating diiron-oxo protein is methane
monooxygenase (MMO), which produces methanol from methane and oxygen
[110,112]. As this process is beyond standard chemistry, the mechanism of this
enzyme has attracted great attention in the last years.

A rather well-characterized member of the integral membrane enzymes is the alkane
o-hydroxylase from Pseudomonas oleovorans [113]. This enzyme is responsible for
the oxygen- and rubredoxin-dependent oxidation of the methyl group of an alkane to
produce the corresponding alcohol in a reaction that closely parallels that of MMO. In
addition, this enzyme produces epoxides from alkenes, suggesting that epoxidation
of double bonds can also be mediated by diiron enzymes [110].

With respect to fatty acid modification, diiron-oxo proteins were for a long time only
recognized as desaturases [28]. This may be explained by the fact that all higher
plants contain at least one membrane-bound oleate desaturase that catalyzes the
oxygen-dependent insertion of a double bond between carbons 12 and 13 of lipid-
linked oleic acid to produce linoleic acid. In contrast, only 14 species in 10 plant
families have been found to accumulate the structurally related hydroxy fatty acid,
ricinoleic acid, which is synthesized by an oleate hydroxylase that exhibits a high
degree of sequence similarity to oleate desaturases [114]. This similarity is
emphasized by the fact that as few as four amino acid substitutions can convert an
oleate 12-desaturase to a hydroxylase [114]. Recently histidine-motif-containing

genes encoding fatty acid epoxygenases have been isolated [115-117]. The



corresponding enzymes regioselectively introduce epoxy groups into the 12-position
of linoleic acid.

From a biotechnological point of view, the diiron-oxo monooxygenases share a
considerable drawback with P450 enzymes: Both classes use electrons originating
from the costly cofactor NAD(P)H for reductive oxygen activation. Moreover, just as
P450s, diiron monooxygenases require electron transport chains delivering these
reduction equivalents. In these electron transport systems pairs of electrons arising
from NADH or NADPH are simultaneously transferred to a flavoprotein (ferredoxin-
NADP"® oxidoreductase), that releases them one at a time to a carrier protein
(ferredoxin) capable of carrying only a single electron. In photosynthetic tissues
electrons arise from photosystem | and are directly transferred to ferredoxin, which in
turn  supplies the monooxygenase independently of ferredoxin-NADP”
oxidoreductase [28]. For overcoming the biotechnological disadvantage of a
complicated electron supply system with an extremely expensive electron source,

strategies paralleling those developed for P450 systems can be suggested.

1.5.2 Mechanism of monooxygenation

Details of the reaction mechanism of the soluble MMO are currently better
understood than those of the membrane-bound fatty acid hydroxylases,
epoxygenases and desaturases [110]. The proposal has been made, that all of these
enzymes share a common activated diiron-oxygen intermediate [28]. Therefore, the
same potential mechanisms can be envisaged for the integral membrane
hydroxylases as for their soluble counterparts. As the exact reaction mechanism of
diiron monooxygenases remains under debate, the following mechanistic
consideration will only describe intermediates, which are commonly accepted.

In the resting form, the diiron center is in the oxidized (diferric or Fe"-Fe") form (1 in
Figure 6). Activation is initiated by 2-electron reduction via the corresponding
reductase to produce the reduced (diferrous or Fe'-Fe') form 2. After reduction,
molecular oxygen binds to the iron center resulting in the peroxo complex 3. Scission
of the O-O bond gives rise to compound 4, the key oxidizing intermediate responsible
for subsequent hydrogen abstraction. At some point during oxygen activation a
molecule of water is lost, but the precise timing of this step remains to be defined;

consequently it is not shown in Figure 6. According to current models, this oxidizing



species then abstracts a hydrogen atom forming a caged hydroxyl intermediate 6 and
a carbon-centered radical. This in turn undergoes oxygen rebound in the fashion
described for cytochrome P450 hydroxylases (see chapter 2.1.2) to yield the
hydroxylated product.
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Figure 6: Postulated reaction cycle of diiron monooxygenases
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Interestingly compound 6 is also believed to be an intermediate of the desaturation
mechanism [28]. Instead of rebound the abstraction of a second hydrogen would
result in formation of a transient diradical that would spontaneously recombine to
form the olefinic double bond. This close mechanistic similarity is reflected in the high
sequence homology between hydroxylases and desaturases. Wheter the reaction
outcome is hydroxylation or dehydration is a matter of subtle differences in substrate
positioning relatively to the active center. Thus it can be rationalized why desaturases
can be converted to hydroxylases and vice versa. Even bifunctional enzymes are
known: The Lesquerella fendleri 12-hydroxylase also exhibits desaturase activity in

vitro.
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Figure 7: General scheme for fatty acid modification by diiron-oxo enzymes

D: Desaturase; H: Hydroxylase; A: Acetylenase; E: Epoxidase

The same relationship was proposed for epoxidases and acetylenases, which are
both acting on double bonds. This leads to the proposed general scheme for fatty

acid modification by diiron-oxo enzymes (Figure 7) [28].
1.5.3 Applications in fatty acid oxygenation

Despite their occurrence in most plant species producing oils enriched in epoxy acids
(only Euphorbiacea species use a P450 monooxygenase for fatty acid epoxidation),
attempts to use diiron cluster-containing fatty acid monooxygenases in biotechnology
are still limited [117]. As most available sequences originate from plants and are
coding for integral membrane proteins, the primary focus was on attempts to

engineer plants containing unusual fatty acids in their seed oils (see 2.1)

1.6 Lipoxygenases

Lipoxygenases (EC 1.13.11.12; LOXs) are non-heme iron dioxygenases which

catalyze the stereospecific incorporation of dioxygen into the 1Z,4Z pentadienyl



system of polyunsaturated fatty acids to generate optically active (S)-dienic
hydroperoxides (Figure 8) [31].
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Figure 8: Lipoxygenase reactions and their regiospecificities

These compounds are potentially cytotoxic, as they can induce radical chain
reactions. Thus, in living organisms they are immediately converted to a vast array of
secondary metabolites (see chapter 1.1). Beside the dioxygenase reaction, LOX
catalyze the secondary conversion of hydroperoxy lipids (hydroperoxidase reaction)
and the formation of epoxy leukotrienes (leukotriene synthase reaction) [32].

As LOX are not directly hydroxylating or epoxidizing fatty acids, sequential reactions
must be performed to yield hydroxy- or epoxy fatty acids. Thus they are not strictly
subject to this review. Contrary to the monooxygenases discussed above, however,
they are quite stable, active, and they posses a high degree of regio- and

stereospecificity leading to compounds which are difficult to obtain by chemical



synthesis. Because of this potential in the production of oxylipins a brief overview on
biotechnological applications of LOXs will be given in the following paragraphs.
Interested readers may find more information in reviews by lacazio and Feussner
[31,32].

LOXs are classified according to their regiospecificity using either linoleic acid with
vegetal LOXs or arachidonic acid with other LOXs. For example soybean LOX
iIsoenzyme-1 is classified as a 13-LOX, whereas potato tuber LOX is classified as a
9-LOX when - according to the conventions - linoleic acid is used as substrate
(Figure 8). It should be noted that despite an opposite regiochemistry, the two
enzymes both yield a hydroperoxide of S absolute configuration, bearing a 2E,4Z
conjugated dienic system.

The LOX reaction may lead to various regioisomers. For example, a fatty acid such
as arachidonic acid which contains three allylic methylene groups can be oxygenated
by a LOX to 6 regio-isomeric hydroperoxy derivatives, namely the 15- and 11-
hydroperoxy derivative (originating from Ci3 hydrogen removal), the 12- and 8-
hydroperoxy derivative (Cip hydrogen removal) and the 9- and 5-dioxygenated
derivatives (C; hydrogen removal). LOXs displaying all these positional specificities
are accessible, either from natural sources or by enzyme variants obtained by site-

directed mutagenesis [118].
1.6.1 Applications of LOXs in organic synthesis

It should be noted that the lipid hydroperoxides formed by LOXs can either be
reduced to hydroxy compounds or processed further by enzymes of the lipoxygenase
pathway. The need for reduction is not necessarily a disadvantage compared to other
oxygenating enzymes like heme- and diiron monooxygenases. While these
monooxygenases require reduction equivalents from extremely expensive cofactors
or artificial reduction systems, the reductive step in transformations using LOX can be
performed by relatively inexpensive chemical reducing agents such as NaBH4, SnCl;

or - after extraction of the reaction mixture - with triphenylphosphine (TPP).

2 Application of enzymes in the oxygenation of fatty acid

derivatives



We will now discuss the use of enzymes in lipid oxyfunctionalization during the
preparation of transgenic oil crops, during microbial fermentations and in bioreactors

in more detail.

2.1 Transgenic oil crops

In an attempt to design new oilcrops yielding epoxy fatty acids, CYP726A1 from the
Euphorbiacea Euphorbia lagasca was expressed in the seeds of various plant hosts.
Some Euphorbiaceae species have long been known to contain 12-epoxy-cis-9-
octadecenoic acid (vernolic acid) in their seed oils. Expressing CYP726A1 under
seed-specific promotors in transgenic tobacco or somatic soybean embryos resulted
in formation of up to 15 % (w/w) fatty acid epoxides in the seed oils [9,117]. Despite
the low yields obtained yet, using a highly productive oilcrop as the soybean is a
highly promising step for future developments.

A Al2-epoxygenase isolated from Crepis palaestina [115,119] has also been
expressed in the model plant Arabidopsis thaliana under a seed-specific promotor,
resulting in production of up to 8% of epoxy fatty acids, mainly 12,13-epoxy-cis-9-
octadecenoic acid [8]. Developing seeds of Arabidopsis were also used as host
system for the expression of castor bean (Ricinus communis.) oleate Al2-
hydroxylase and the corresponding enzyme from Lesquerella fendleri [120].
Arabidopsis lines lacking the FAD3 ER A-15-desaturase accumulated up to 50 %
hydroxy fatty acids (34 % 18:1-OH; 16 % 20:1 OH) in their seed oils, when the castor
hydroxylase was expressed [7].

Interest in using plants expressing P450 genes for production of oxygenated fatty
acids is generally growing and the next years will possibly see significant

improvements in this field [121,122].

2.2 Microbial fermentations

By blocking the p-oxidation pathway in Candida tropicalis and enhancing CYP52
expression, this species efficiently produces both saturated or unsaturated terminal
diacids (Ci2 to Cy) from alkanes or fatty acids [5,10]. This process is highly

productive: 300 g of diacids per liter of fermentation broth can be obtained [93].



Candida tropicalis M25 has been shown to produce 3-hydroxy dienedioic acids from
linoleic acid [123].

Pseudomonas aeruginosa strain PR3 was used for hydroxylation of oleic and
ricinoleic acid, yielding 7S,10S-dihydroxy-8E-octadecenoic acid and 7S,10S,12R-
trinydroxy-8E-octadecenoic acid, respectively. 7S,10S-dihydroxy-8E-octadecenoic,
which is of pharmacological interest (see chapter 1.1), was obtained by this method
in concentrations of nearly 10 g/l [4].

Bacillus sphaericus strains were shown to produce 10-ketostearic acid from oleic acid
[13]. Under optimized conditions, conversion of oleic acid reaches up to 60 %.
Alternatively, up to 10 g/l of 10-ketostearic acid can be obtained by fermentation of
oleic acid with Sphingobacterium thalpophilum [12].

P450 BM-3, heterologously expressed in E. coli in combination with a fatty acid
uptake system from Pseudomonas oleovorans has been used in vivo to produce
mixtures of chiral 12-, 13- and 14-hydroxypentadecanoic acid in preparative scale at

high optical purities [15,14].

2.3 Bioreactors

Oxidation reactions using isolated enzymes may be most readily performed using
LOXs, as they do not require reductive cofactors. Some applications are listed in the
following paragraphs.

In 1989, Corey and co-workers [124] exploited the capacity of soybean lipoxygenase-
1 to carry out double dioxygenation of arachidonic acid to realize a simple synthesis
of lipoxin A4, an important physiologically active eicosanoid of the arachidonic acid
cascade. After reduction with NaBH,, two of the three asymmetric carbon centers of
lipoxin A4 in correct configuration had been introduced.

An analogous two-step chemo-enzymatic procedure using TPP for reduction was
applied to the synthesis of the natural products coriolic acid [125] and dimorphecolic
acid and to other hydroxy-polyunsaturated fatty acids [126,127].

Viewed from the perspective of potential industrial applications it is important to
understand that in the absence of oxygen, LOXs can catalyze an anaerobic reaction
between their products and their substrates (hydroperoxidase reaction). This reaction

is thought to generate radicals that are deleterious to the enzyme. Thus it is vital to



maintain a sufficient concentration of dissolved oxygen in the reaction medium either
by oxygen bubbling or by pressurization. Optimal reaction conditions were
investigated by Martini et al [125] using a SOTELEM (Rueil Malmaison, France)
stainless steel chemical reactor (MU 4004) which proved to be particularly suited to
carry out lipoxygenation reactions. Thus, linoleic acid could be converted almost
guantitatively to 13S-hydroperoxy-9Z,11E-octadecadienoic acid (95.5 %, 98 % ee) at
5°C and 250 kPa oxygen pressure, pH11 (0.1 M borate buffer), 0.1 M substrate and
4 mg ml™* soybean lipoxygenase. Especially remarkable is that quite high substrate
concentrations of 0.1 M were used, which largely exceeded the solubility of
unsaturated fatty acids in the aqueous buffer system. Still, the reaction was complete
within 30 min.

In 1999 Hsu et al [128] developed a packed-bed bioreactor for continuous
oxygenation of linoleic acid. LOX immobilised in sol-gel matrices was used for these
experiments.

Very recently, an industrial research group at Cognis, a company which for decades
has been highly interested in oleochemistry, devised a new and efficient method to
produce fatty acid hydroperoxides based on LOX. This process is conducted in an oll
(or fatty acid) / water two phase system containing LOX and catalase. Molecular
oxygen as primary oxidant was substituted by hydrogen peroxide, resulting in higher
turnover numbers [129].

Hydrogen peroxide is also used as oxidant in the chemoenzymatic synthesis of fatty
epoxides by lipase-catalyzed perhydrolysis. A group at Novo Nordisk A/S first
discovered that unbranched saturated fatty acids with four to 22 carbon atoms can be
converted to peroxy fatty acids using hydrogen peroxide, and Novozyme 435, an
immobilized lipase B from Candida antarctica [130]. If an unsaturated fatty acid or its
ester is treated with H,O, in the presence of Novozyme 435, “self’-epoxidation
occurs [131]. First, the unsaturated fatty acid is converted to an unsaturated peroxy
fatty acid (only this step is catalyzed by the lipase). Subsequently, the unsaturated
peroxy acid epoxidizes *“itself” in an uncatalyzed Prileshajev (Figures 1 and 2)
epoxidation. Depending on the chainlength, peroxy fatty acid yields from 70 to 95 %
were obtained [131],[132]. In addition to the production of partially or completely
epoxidized fatty acids, this method is capable to produce epoxidized plant oils [132]
and fatty alcohol epoxides [133]. The epoxidation processes described by Warwel

and Rusch have already been carried out on the kilogram scale. If further successful,



they may allow to substitute the problematic Prileshajev-epoxidation by lipase-
catalyzed perhydrolysis.

Several years ago an enzymatic activity termed peroxygenase was found and
characterized in plant extracts by Blee [16] and Hamberg [134] while investigating the
fate of lipid hydroperoxides originating from the lipoxygenase reaction.
Peroxygenase, a hemoprotein, catalyzes the inter- and intramolecular transfer of
oxygen from a fatty acid hydroperoxide to form epoxides from unsaturated fatty acids.
It was found, that an external oxidant such as hydrogen peroxide or cumene
hydroperoxide could be used as an alternative source of oxygen. Hamberg
demonstrated that oat (Avena sativa) seeds are a good source of peroxygenase.
Starting from this point, Piazza et al devised a method for rapid isolation and
immobilization of this enzyme on membranes and conducting epoxidation reactions
in organic solvents. Using t-butyl hydroperoxide as oxidant, oleic acid, linoleic acid
and arachidonic acid could be converted nearly quantitatively to their corresponding
epoxides [135].

The enzymatic reactions described so far are performed easily and without
involvement of cofactors. This situation changes, if reactions mediated by
cytochromes P450 are considered. Thus, the following considerations to date are
predominantly an issue of academic interest.

One possibility for applications of isolated P450 enzymes is to use the “shunt
pathway”. Addition of cheap and readily available hydrogen peroxide (or of an
organic peroxide) to the initial enzyme-substrate complex can supply both the
electrons and the oxygen atom required to form the reactive iron-oxygen
intermediate, the species which inserts the oxygen atom into the substrate (Figure 4).
Unfortunately, the stoichiometric use of peroxides is quite inefficient, and may quickly
lead to inactivation of the enzyme [85].

In this context the recent identification of two unusual peroxygenase P450s is
interesting. They lack a threonine residue which is highly conserved among P450
monooxygenases and thought to be essential for dioxygen activation. Thus these
enzymes are not cofactor-dependent and therefore well suited for in vitro
applications. Fatty acid hydroxylase from Sphingomonas paucimobilis (CYP152B1)
efficiently produces (S)-a-hydroxy fatty acids [136,137], whereas its close relative
CYP152A1 (alternatively called ybdT gene) from Bacillus subtilis attacks the a-

carbon as well as the B-carbon of myristic acid [138]. As both enzymes posess very



high affinity to hydrogen peroxide, these conversions require only very low H,O-
concentrations, thus tempering the deleterious effects of H,O, on the enzyme.
Enhanced stability against and activity with H;O, has also been achieved by
laboratory evolution of P450 BM-3 [139].

Direct electron supply from electrodes [140,141] is another option for delivering
reduction equivalents to the catalytic iron of P450s. It was found to result in very low
productivity, but could be enhanced by the use of soluble electron mediators such as
cobalt(lll)sepulchrate [142] in combination with a CYP4Al/reductase fusion protein
[102]. Recently the electrochemical reduction of the prosthetic flavin of a reductase
mediated by an organometallic rhodium-complex was investigated and applied to the
synthesis of styrene oxide [143]. This method has the potential to be applied to all
flavin-containing reductases and thus can possibly be used for the synthesis of
oxygenated fatty acid derivatives.

Schwaneberg and coworkers used the electron mediator cobalt(ll)-sepulchrate [142]
and zinc dust as electron source to drive the catalytic cycle of P450 BM-3, resulting in
turnover numbers reaching 50 % of those with the natural cofactor [144,145].

Finally, another method to circumvent the stochiometric need of reduced cofactors is
their regeneration (Figure 9), which must be highly efficient to reduce the cofactor

costs to an economically acceptable level.
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Figure 9: Cofactor recycling systems for cytochromes P450;



“H-“ may be derived from enzymatic oxidation (dehydrogenases), from oxidation by

organometallic complexes or from electrochemical sources

In this context enzymatic [146] and organometallic [147] approaches have been
suggested for hydride transfer to NAD(P)". The required electrons may be derived
from formate or glucose oxidation using the respective dehydrogenases(formate- or
glucose dehydrogenase), or from electrochemical sources in case of organometallic
rhodium-complexes.

Sol-gel encapsulation of P450 BM-3 mutants in combination with genetically
engineered NADP*-dependent formate dehydrogenase (FDH) [148] resulted in a
heterogeneous, stable and self-sufficient hydroxylation biocatalyst capable to recycle
NADPH from NADP" (Figure 9) [149]. Side products of this hydroxylation cycle are
only carbon dioxide and water.

3 Outlook

The information provided in this article, and especially the examples given above,
demonstrate that fatty acid-oxygenating enzymes are indeed a versatile and useful
class of biocatalysts. On the other hand, industrial applications of this class of
enzymes are yet scarce. This is not surprising if the drawbacks - need of expensive
cofactors, low stability under reaction conditions or low turnover numbers -associated
with the biocatalysts under investigation are considered. On the other hand in vivo
processes are, with the remarkable exception of dioic acid production, not developed
far enough to be established at industrial scale. However in academic as well as
industrial research laboratories a lot of efforts are made to overcome the problems in
biocatalytic oxidation. Especially the tremendous development of directed evolution
techniques, eventually in combination with rational enzyme engineering based on the
growing insights into protein structures and functions, could help to overcome the
problems yet unresolved. Cytochromes P450 and diiron cluster-containing
monooxygenases could be used in preparative synthesis as soon as an efficient
method for substitution of their cofactors NAD(P)H will be found.

As organic chemistry to date does not present efficient tools for (stereo)selective
oxygenation of fatty acid carbon chains, biocatalytic processes have a great potential
to be the first technique providing access to compounds yet not obtainable at



commercial scale. This would undoubtly open up the possibility to develop new
products based on oleochemistry. It is the consideration of the authors that at least

some of the enzymes presented here will find applications in future.
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